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Abstract
The high cost and environmental impact of traditional microalgal harvesting methods limit commercialization of microalgal 
biomass. Fungal bioflocculation of microalgae is a promising low-cost, eco-friendly method but the range of fungal and 
microalgal species tested to date is narrow. Here, eight non-pathogenic, filamentous fungi were screened for their ability to 
self-pelletize and flocculate Euglena gracilis (ca.50 µm motile microalga) in suspension. Self-pelletization was tested under 
various rotational speeds, and species which formed pellets (Ø > 0.5 cm) were selected for harvesting tests. Filaments of 
each species were combined with E. gracilis at various ratios based on dry weight. Harvesting efficiency was determined by 
measuring the change in cell counts over time, and settling of the flocs was evaluated by batch settling tests. Three fungal 
species, Ganoderma lucidum, Pleurotus ostreatus, and Penicillium restrictum, were able to reliably flocculate and harvest 
62–75% of the microalgae while leaving it unharmed. The results demonstrated that self-pelletization, harvesting, and set-
tling were dependent on the fungal species. The fungi to algae ratio also had significant but contrasting effects on harvesting 
and settling. In balancing the needs to both harvest and settle the biomass, the optimal fungi to algae ratio was 1:2. The 
application of fungal filaments to microalgae in suspension produced readily settling flocs and was less time-consuming 
than other commonly used methods. This method is especially attractive for harvesting microalgal biomass for low-value 
products where speed, low cost, and cell integrity is vital.
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Introduction

Microalgal biomass is a prominent source for a wide vari-
ety of high-value products such as food and beverages, sup-
plements, cosmetics, and nutraceuticals (Biorizon Biotech 
2018). The global market of microalgae-based products in 
2019 was 1.8 billion US$ and is projected to be 4.2 billion 
US$ by 2031 (Transparency Market Research 2021). How-
ever, the high production costs (> 5 EUR  kg−1) make com-
mercialization of lower value products such as biofuel and 
feed unfeasible (Mathimani and Mallick 2018; Muhammad 

et al. 2021). For example, for algal-based biofuels to be 
competitive with crop-based biofuels, the production costs 
of microalgal biomass should be < 1 EUR  kg−1 (Biorizon 
Biotech 2018). Microalgal harvesting accounts for as much 
as 20–30% of the production costs and has a high environ-
mental impact (Fasaei et al. 2018; Li et al. 2020; Muhammad 
et al. 2021). Reducing the costs and energy demand of algal 
harvesting would be a step towards producing microalgal 
biomass more economically and sustainably.

Traditional microalgal harvesting methods fall into one of 
three categories of separation methods: mechanical, physi-
cal, or chemical (Barros et al. 2015; Fasaei et al. 2018). The 
most efficient of these methods are the mechanical separa-
tion methods of centrifugation and filtration which can har-
vest up to 99% of the microalgae. However, these methods 
have high operating costs (Barros et al. 2015; Fasaei et al. 
2018; Najjar and Abu-Shamleh 2020). The commonly used 
physical methods, flotation and sedimentation, are not as 
efficient as centrifugation or filtration so are usually com-
bined with chemical flocculation employing metal salts or 
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polymers to increase the size of the flocs for improved har-
vesting efficiency (≥ 99%) (Mata et al. 2010; Uduman et al. 
2010; Barros et al. 2015). However, flotation is expensive 
due to its high energy consumption added to the cost of 
flocculants (Uduman et al. 2010). Flocculation followed by 
sedimentation is inexpensive compared to other separation 
methods as there is little to no energy requirement, no spe-
cialized equipment needed, and inorganic flocculants are 
cheap (Muhammad et al. 2021). However, metal salts carry 
environmental costs (Chen et al. 2011) and contaminate the 
biomass limiting its downstream processing and applications 
(Singh and Patidar 2018). Polymers may be inorganic or 
organic, with organic polymers presenting a more environ-
mentally friendly alternative (Vasistha et al. 2021). However, 
organic flocculants tend to be expensive (Barros et al. 2015), 
and do not flocculate some algal species well (Mathimani 
and Mallick 2018).

Bioflocculation holds promise as a cheap and eco-friendly 
alternative. It possesses the general benefits of flocculation 
(low energy consumption, no specialized equipment needed) 
while substituting inorganic flocculants with biodegradable 
ones. It also allows recycling of the growth medium further 
reducing production costs (Chen et al 2018; Yin et al. 2020). 
The simplest form of bioflocculation is autoflocculation of 
microalgae, i.e., flocculation is induced by the microalgae 
themselves (Spilling et al. 2011; Muhammad et al. 2021). 
However, not all microalgal species can autoflocculate 
(Spilling et al. 2011); its induction may require non-ideal 
conditions reducing growth and lipid content (Pahl et al. 
2013; Magdouli et al. 2016); it may incur chemical costs 
(Besson and Guiraud 2013) and can be unreliable (Umma-
lyma et al. 2017). Different bioflocculating agents such as 
“sticky” extracellular polymers (EPS), bacteria, and fungi 
can also be used for aggregating microalgal cells (Alam 
et al. 2016). EPS are naturally produced by many organisms 
(Mishra and Jha 2009), but the industrial production and 
use of EPS is unfeasible since extraction and purification 
methods are complex and expensive (Pahl et al. 2013), and 
their efficiency unpredictable (Li and Yang 2007). Bacte-
rial flocculants give reliable and high harvesting efficiencies 
(Ummalyma et al. 2017; Li et al. 2020), and in the case of 
oleaginous species, it can also increase lipid yields (Chen 
et al. 2011; Salim et al. 2011). However, additional organic 
carbon is required for the bacteria to grow and harvest the 
algae, which increases costs and might also encourage 
growth of undesirable bacterial strains (Lee et al. 2009; 
Salim et al. 2011).

Like bacteria, fungal bioflocculants give reliable and 
high microalgal harvesting efficiencies (Bhattacharya et al. 
2017; Ummalyma et al. 2017). Fungi employ, often simul-
taneously, several different microalgal harvesting mecha-
nisms such as self-pelletization, excretion of EPS, attrac-
tion, entrapment (Egede et al. 2016; Magdouli et al. 2016), 

and attachment to the fungal cell wall (Wrede et al. 2014; 
Du et al. 2018). However, fungi are more attractive biofloc-
culants than bacteria because of their higher harvesting 
efficiencies (Zhou et al. 2012; Li et al. 2020; Nazari et al. 
2020), greater potential to improve total biomass yields and 
value due to their nutrient, enzyme, and biochemical content 
(Egede et al. 2016; Li et al. 2020), and larger, denser flocs 
(Nguyen et al. 2019; Zhao et al. 2019; Kim et al. 2020; Pei 
et al. 2021). Bacteria-microalgae flocs tend to be < 5 mm and 
less dense (Lee et al. 2013; Nguyen et al. 2019; Kim et al. 
2020; Pei et al. 2021), while fungi-microalgae flocs have 
more densely packed structure and may grow to be > 5 mm 
(Zhao et al. 2019; Kim et al. 2020) improving settling and 
dewatering of the biomass (Benjamin and Lawler 2013). As 
fungi can potentially add to the nutrient and biochemical 
value of the total biomass, there is no need to remove the 
fungal biomass after harvesting and therefore no contami-
nation issues unlike bacteria (Egede et al. 2016; Chu et al. 
2021a). However, to be a suitable harvesting alternative, 
the fungi used should be non-pathogenic, should be safe 
for downstream applications (e.g., feed and fertilizer), and 
should not disrupt the microalgal cell structure (Ummalyma 
et al. 2017).

Previous studies applying fungi to microalgal harvesting 
have focused on harvesting small, non-motile microalgae 
such as Chlorella spp. using mainly Aspergillus spp. (Barros 
et al. 2015; Li, et al. 2020), many of which are pathogenic. 
However, the wider applicability of fungal harvesting of 
microalgae should also be evaluated for larger, motile micro-
algal species of commercial interest such as Euglena gracilis 
(30–50 µm) (Gissibl et al. 2019) and for other biofloccu-
lating fungal species. Here, a novel and rapid microalgal 
harvesting method was developed, directly applying fungal 
filaments to E. gracilis cultures to enable immediate biofloc-
culation and harvesting, cutting out many of the preparation 
steps needed in pellet- and spore-assisted methods (Zhang 
and Hu 2012; Al-Hothaly et al. 2015; Mackay et al. 2015). 
The method was tested using eight filamentous fungal spe-
cies (Ganoderma lucidum, Geotrichum candidum, Lentinus 
tigrinus, Paecilomyces variotii, Penicillium corylophilum, 
Penicillium restrictum, Pleurotus ostreatus, and Trametes 
versicolor) which are non-pathogenic (COGEM 2021), safe 
for use in feed and fertilizer (Hindumathi and Reddy 2011; 
Adams et al. 2019), produce industrially important bio-
chemicals and enzymes (Bishop et al. 2015; Purchase 2016; 
Yadav et al. 2019), and survive in polluted/toxic environ-
ments (Purchase 2016), making them excellent candidates 
for production of high-value biomass (Purchase 2016; Yadav 
et al. 2019). The aims of this study were (1) to evaluate 
the ability of the filaments of the eight fungal species to 
self-pelletize and flocculate E. gracilis in suspension, (2) to 
evaluate the harvesting and dewatering ability of the result-
ant flocs via batch settling tests, and (3) to determine the 
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optimal fungi to algae ratio needed for maximal harvesting 
efficiency and settling.

Materials and methods

Organisms and culture methods

Eight filamentous fungal strains were used in this study: 
Ganoderma lucidum (NRRL 66,208), Geotrichum can-
didum (NRRL Y-552), Lentinus tigrinus (HAMBI FBCC 
645), Paecilomyces variotii (NRRL 1115), Penicillium 
corylophilum (NRRL 802), Penicillium restrictum (NRRL 
3381), Pleurotus ostreatus (NRRL 3526), and Trametes 
versicolor (NRRL 66313). Each strain was transferred to 
Potato Dextrose Agar (PDA) plates and incubated at 24 °C 
for one week, transferred to 4  °C and refreshed every 
3–4 months. Liquid suspensions were made by cutting ~ 2 
 cm2 from the outer edge of the fungal mass, suspending in 
40 mL of Yeast Malt Broth (YMB) (NRRL Medium No. 6 
w/o agar) in 250 mL culture flasks and incubating at 24 °C 
until they were in the exponential growth phase (approx. 2 
to 4 weeks depending on the species). Liquid suspensions 
were then maintained in YMB for 1–2 months depending 
on the growth rate of the species. P. ostreatus was chosen 
as the reference organism for microalgal harvesting method 
development due to its fast growth rate (Egede et al. 2016; 
Bellettini et al. 2019), and proven ability to form pellets 
and harvest algae (Luo et al. 2019). The microalgal strain, 
Euglena gracilis (CCAP 1224/5Z), was maintained in Mod-
ified Acid Medium (MAM) (Olaueson and Stokes 1989), 
with E. gracilis Medium (EG) (CCAP) at a1:4 (EG:MAM) 
ratio at 19 °C under a light intensity of 30–40 µmol  m−2  s−1 
with a light:dark cycle of 14:10.

Fungal self‑pelletization

The flocculation potential of the eight species was investi-
gated by testing their ability to self-pelletize under rotation on 
a horizontal shaker. Though self-pelletization can be induced 
in several ways, depending on the species (Liu et al. 2007), 
agitation is an easy method of inducing pellet formation in 
several filamentous fungi (Gultom et al. 2014; Chen et al. 
2018; Luo et al. 2019). General pelletization ability of all 
fungi was first tested in a total volume of 100 mL and agitated 
at 110 RPM for approximately 1 week. Species were chosen 
for further study based on how well they pelleted (rapid, well 
defined, > 0.5 cm Ø). In the case of the two Penicillium spp., 
the faster-growing species was chosen for further study. The 
effect of various rotational speeds (50, 80, 90, 100, 110, 120, 
and 150 rpm) and total culture volumes (50 and 100 mL) on 
self-pelletization and floc formation was then tested using P. 
ostreatus as the test organism. All samples were inoculated 

with a 10% v/v liquid fungal suspension and incubated on a 
horizontal shaker at room temperature (RT), i.e., 23 °C. The 
pH of the fungal cultures was measured at the start of the 
tests and at the end using Fisherbrand pH Fix 2.0–9.0 pH 
strips. Conditions resulting in optimal floc formation were 
used for all subsequent experiments.

Sampling and measurement protocols of harvesting 
experiments

Fungal harvesting of E. gracilis was optimized in a series of 
experiments investigating the effect of fungi to algae ratio 
and time on harvesting efficiency and settling properties. 
Before each experiment, the dry weights (g DW  L−1) of 
the fungal and algal cultures were determined by filtering 
2–5 mL samples onto pre-combusted, pre-weighed What-
man GF/F filters in triplicate, drying the filters at 60 °C over-
night, and weighing them again. Dry weight was calculated 
using the following equation:

where W1 is the weight (g) of the filters prior to addition 
of the sample, W2 is their weight after drying, and V is the 
volume of sample filtered (L).

Inoculum concentrations of the fungal suspensions were 
diluted to the same g DW  L−1 concentration (Eq. 1) as the 
E. gracilis culture. Fungi and algae cultures were then com-
bined in the given ratios for a total volume of 50 mL in 
250 mL Erlenmeyer flasks and incubated at 90 rpm, under 
ambient laboratory light conditions. Each test was set up in 
replicates of four and the pH was checked prior to combin-
ing the fungi and algae in the various ratios and immedi-
ately upon combination. The efficiency of photosystem II 
(the ratio of variable to maximum fluorescence, Fv/Fm) was 
measured with AquaPen-C AP 110-C fluorometer and ali-
quots for E. gracilis cell enumeration were taken at various 
time points during the experiments. Aliquots were preserved 
with acid Lugol’s solution and stored in glass vials at 4 °C 
until counted with a FlowCam macrofluid imaging instru-
ment (Yokogawa Fluid Imaging Technologies Inc., USA) 
at 10 × magnification. So as not to clog the 100 µm flow 
cell used, large fungal particles were removed by filtration 
(80 µm filter). Cell count data was converted to harvesting 
efficiencies as percentages based on the starting concentra-
tions using the following equation:

where C1 is the starting concentration (cells  mL−1) and C2 
the final concentration of E. gracilis cells.
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To determine how readily the resultant flocs settled, batch 
settling tests were carried out at the end of each harvest-
ing experiment. This was done by gently resuspending the 
flocs, combining the four replicates into one flask, and gen-
tly pouring into a 250 mL glass measuring cylinder. The 
changing height of the floc-liquid interface was recorded at 
various time points. In phase 1, the height of the interface 
was measured at 0, 0.5, 1, 2, 3, 4, 5, 10, 15, 20, 30, 45, and 
60 min. Based on the results of this batch settling test, the 
height of the interface was only measured at 0-, 5-, 10-, 15-, 
20-, and 30-min intervals in subsequent phases 2 and 3. The 
data from each experiment were then plotted to produce a 
batch settling curve.

Experimental phases

Phase 1 To fine-tune settling time and the optimal fungi to 
algae ratio for maximal harvesting efficiency, four different 
fungi (P. ostreatus) to algae (E. gracilis) ratios (1:0.5, 1:1, 
1:2, 1:3), on a dry weight basis, were investigated. The start-
ing cell count of the E. gracilis culture was 300,000–350,000 
cells  mL−1 (0.66 g  L−1). The E. gracilis stock culture was 
sampled for cell counts and Fv/Fm, as were the suspensions 
of each the experimental replicates over time (immediately 
upon addition of fungi, at 6 h, every other hour from 6 to 
10 h, and every 4 h from 10 to 18 h).

Phase 2 Based on the harvesting and settling results from 
phase 1, the experiment was narrowed to two ratios of P. 
ostreatus to E. gracilis (1:1 and 1:2) over a 6-h period. This 
time, the experiments were conducted at a higher algal con-
centration of 400,000–450,000 cells  mL−1 (0.89 g  L−1), and 
samples were taken just before the addition of fungi, imme-
diately upon addition of fungi, and hourly thereafter for up 
to 6 h.

Phase 3 The harvesting and settling results from phase 2 
led to further narrowing to a ratio of 1:2 (fungi:algae) over 
a 4-h period. The harvesting ability of four other strains, G. 
lucidum, P. variotii, P. restrictum, and T. versicolor, was 

then tested at a ratio of 1:2 over 4 h, with 400,000–450,000 
cells  mL−1 (~ 0.56 g  L−1) E. gracilis starting concentration. 
The suspensions were sampled just before the addition of 
fungi, immediately upon addition of fungi and every half 
hour for up to 4 h.

Statistical analysis

The differences in harvesting efficiencies (see Eq. 2) 
between the two P. ostreatus to E. gracilis ratios and fun-
gal species were tested with Student’s t-test and one-way 
ANOVA together with Tukey’s post hoc tests, respectively, 
at the time points where maximal harvesting occurred 
(Tmax). Normality of distribution was tested with Shap-
iro–Wilk’s test and the homogeneity of variances with 
Levene’s test in both cases. All the procedures were con-
ducted using SPSS version 26.

Results

Self‑pelletization and floc formation

Six of the eight fungal species formed pellets. Pellet for-
mation began within 1–2 days, depending on the species, 
and most were well-formed and abundant within 5–7 days. 
For most of the species, the diameter of the pellets was in 
the range of 1–3 cm (Table 1, Online resource 1). Based on 
visual observations, it was clear that increased rotational 
speeds led to increasing numbers of pellets at decreas-
ing sizes while increased volume had the opposite effect. 
Also, the pellets formed at high rotational speed appeared 
visibly smoother and denser than pellets formed at lower 
speeds which were fuzzy and less dense in appearance 
(Online resource 2). A culture volume of 50 mL and rota-
tional speed of 90 rpm was found to be optimal for self-
pelletization and floc formation, i.e., rough, loose, defined 
spheres > 0.5 cm ø.

Table 1  Ability of eight fungal 
species to form pellets at 
110 rpm at room temperature 
over a week’s time (+ denotes 
pellet formation, – denotes 
no pellet formation). Pellet 
diameter (cm) and pH 
measurements of the cultures 
at the beginning and end of the 
period are also given for each 
species

Species Starting pH pH at end Pellet forma-
tion

Diameter (cm)

Geotrichum candidum 5.5 7.0 - NA
Ganoderma lucidum 5.5 5.0  + 0.5–1
Lentinus tigrinus 5.5 5.5 - NA
Paecilomyces variotii 5.5 5.5  +  > 4
Penicillium corylophilum 6.5 NA  + 1–2
Penicillium restrictum 6.0 5.0  + 0.5–4
Pleurotus ostreatus 4.0 4.0  + 0.5–3
Trametes versicolor 5.5 5.0  +  > 4
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Phase 1. Harvesting of E. gracilis with P. ostreatus 
at four ratios

The harvesting efficiency of E. gracilis was highest at a 
fungi to algae ratio of 1:0.5 and lowest at 1:3. Maximum 
harvesting took place within ~ 6 h after which the cell count 
fluctuated until it began to rise again after 10 h (Fig. 1a). 
Maximum settling of flocs occurred mostly within the first 
5 min for all ratios. However, flocs from the 1:2 and 1:3 
ratios settled fastest and most compactly (Fig. 1b, Online 
resource 3), while biomass from the 1:0.5 and 1:1 ratios 
settled very little or not at all (Fig. 1b, Table 2).

Phase 2. Harvesting of E. gracilis with P. ostreatus 
at two ratios

Attraction of algae to the fungi began immediately upon 
addition of the fungus, and within an hour, green aggre-
gates had formed at both ratios. At the 1:1 ratio, a maxi-
mum harvesting efficiency of 70% ± 2.9% SE was reached 

within 2 h, while at the 1:2 ratio, Tmax was reached an hour 
later with a mean harvesting efficiency of 64% ± 1.7% SE. 
However, there was no significant difference in the maxi-
mum harvesting efficiency between the two ratios (Stu-
dent’s t-test, t(6) = 1.633, p = 0.15). After Tmax, E. gracilis 
cell count rose slightly at both ratios (Fig. 2a). Flocs from 
the 1:2 ratio settled more quickly and compactly than those 
from the 1:1 ratio (Fig. 2b), with a marked difference in set-
tling rates within the first 5 min. After 5 min, little settling 
was observed at either ratio and settling rates were similar 
(Table 2).

Phase 3. Harvesting of E. gracilis with other 
filamentous fungal species

As in phase 2, attraction of algae to the fungi was observed 
immediately upon addition of G. lucidum, P. ostreatus, P. 
restrictum, and T. versicolor whereas no floc formation was 
observed for P. variotii. Flocculation time varied between 
species, with G. lucidum and T. versicolor flocculating 

Fig. 1  Harvesting of Euglena gracilis by Pleurotus ostreatus at 
four different fungi to algae ratios, i.e., 1:0.5, 1:1, 1:2, and 1:3. a 
E. gracilis cell counts in the suspension at each fungi to algae ratio 
(mean ± SE, n = 4) over time. Cell counts are shown for the following 
time points: E. gracilis stock culture (T-1), immediately upon addi-

tion of fungi to each replicate (T0), every other hour from 6–10  h, 
and every 4 h thereafter. b Batch settling curves showing the change 
in height of the floc/liquid interface over time. Height of the interface 
at regular intervals for the first 30 min is given

Table 2  Comparison of the 
extent and rate of settling of 
the fungi/algae flocs from all 
harvesting experiments (phases 
1–3) within 30 min

Experiment Ratio 
(fungi:algae)

Height of interface (cm) Settling rate (cm 
 min−1)

0 min 5 min 30 min 0–5 min 5–30 min

P. ostreatus/E. gracilis at four ratios 1:0.5 15.6 15.4 15.4 0.20 0.00
1:1 15.8 15.2 15.0 0.60 0.20
1:2 16.5 7.7 7.3 8.80 0.40
1:3 16.6 4.7 3.9 11.90 0.80

P. ostreatus/E. gracilis at two ratios 1:1 16.9 7.0 6.5 1.98 0.02
1:2 16.7 3.9 3.5 2.56 0.02

G. lucidum 1:2 16.1 3.2 3.0 2.58 0.04
P. ostreatus 1:2 16.7 3.9 3.5 2.56 0.08
P. restrictum 1:2 16.3 2.3 1.5 2.80 0.16
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first (Table 3). However, T. versicolor flocs fell apart after 
1.5–2 h.

For all three flocculating fungal species, maximum 
harvesting efficiency was reached within 3 h. Maximum 

harvesting efficiency was significantly higher for P. restric-
tum (75% ± 0.8 SE) than for P. ostreatus (65% ± 1.7 
SE) and G. lucidum (62% ± 1.5 SE) (one-way ANOVA, 
F(2,9) = 23.926, p < 0.001, Tukey post hoc, p = 0.001), 
which performed similarly (Tukey post hoc, p < 0.001). 
After Tmax, the E. gracilis cell count rose slightly in all three 
cases (Fig. 3a). Though flocculation starting times and Tmax 
varied between species, species that formed flocs and arrived 
at Tmax faster did not result in higher harvesting efficiencies 
(Table 3).

The flocs from all flocculating fungal species settled 
within the first 5 min. However, the flocs settled faster and 
more compactly when E. gracilis was harvested with P. 
restrictum than when harvested with G. lucidum or P. ostrea-
tus (Fig. 3b). After 5 min, the settling rates of G. lucidum 
and P. ostreatus flocs were negligible but P. restrictum flocs 
continued to settle at a slow rate (Fig. 3b, Table 2).

All experiments resulted in loose, non-defined flocs that 
were more of a continuous aggregate rather than distinct 

Fig. 2  Harvesting of Euglena gracilis by Pleurotus ostreatus at two 
fungi to algae ratios, i.e., 1:1 and 1:2. a E. gracilis cell counts in the 
suspension at both ratios (mean ± SE, n = 4) over time. Cell counts are 
shown for the following time points: before addition of fungi (T-1), 

immediately upon addition of fungi (T0) and hourly for up to 6  h. 
Harvesting efficiency at Tmax is indicated by arrows. b Batch settling 
curves showing the change in height of the floc/liquid interface over 
30 min

Table 3  The extent and speed of flocculation and the harvesting 
efficiency of Euglena gracilis by each fungal species (during phases 
2–3). The time at which green aggregates began to form (floc forma-
tion starting time), time when Tmax was reached, and the harvesting 
efficiency of E. gracilis for each fungal species is indicated

Fungal species Ratio 
(fungi:algae)

Approx. floc 
formation start-
ing time (min)

Tmax (h) Harvest-
ing effi-
ciency

P. ostreatus 1:1 45–60 2 70%
P. ostreatus 1:2 45–60 3 64%
T. versicolor 1:2 15–30 NA NA
G. lucidum 1:2 20–35 1 62%
P. restrictum 1:2  ~ 60 2 75%

Fig. 3  Harvesting of Euglena gracilis by three different fungal spe-
cies at a 1:2 (fungi:algae) ratio. a E. gracilis cell counts in the suspen-
sion (mean ± SE, n = 4) over time. Cell counts are shown for the fol-
lowing time points: before addition of fungi (T-1), immediately upon 

addition of fungi (T0), and hourly for up to 4 h. Harvesting efficiency 
at Tmax is indicated by arrows. b Batch settling curves showing the 
change in height of the floc/liquid interface over 30 min
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pellets. However, based on visual observations, the aggre-
gate density was shown to vary by ratio and species and 
the density hierarchy was found to be 1:3 > 1:2 > 1:1 > 1:0.5 
and P. ostreatus > P. restrictum > G. lucidum, respectively 
(Online resource 3, 4).

The pH and photochemical efficiency of the cultures

The pH range of the pelletization fungal cultures was 
4.0–6.5 just after inoculation and 4.0–7.0 after 1 week of 
rotation (Table 1). The pH of the E. gracilis culture used for 
all experiments was pH 7.0. Upon addition of G. lucidum, 
P. variotii, and T. versicolor to the algae, the pH dropped 
from 7.0 to 6.5, while addition of P. ostreatus caused an 
even larger pH drop (3.5/4.0). Addition of P. restrictum 
on the other hand resulted in a slight pH increase (pH 7.5) 
(Table 4). The photochemical efficiency (Fv/Fm) of the 
microalgae was not affected by the addition of fungi and 
remained stable around 0.5 throughout all experiments.

Discussion

Pelletization

There were clear species-specific differences in self-pelleti-
zation and not all the fungal species screened were able to 
self-pelletize under rotation. Also, pellet size and shape dif-
fered between the species. Similar observations have also 
been made in earlier studies. Al-Hothary et al. (2015) found 
the ability to form pellets under rotation varied by fungal 
species, and Muradov et al. (2015) found that the pelletizing 
species produced varying numbers of pellets and morpholo-
gies. This is probably due to the species specificity nature 
of self-pelletization via rotation (Alam et al. 2016). Another 
reason may be the difference in the strength and number of 

hydrophobic proteins (hydrophobins)—thought to be inte-
gral to self-pelletization—from species to species (Zhang 
and Zhang 2016).

Culture volume and rotational speed had a marked effect 
on pellet formation and morphology. The self-pelletizing 
tests using P. ostreatus showed that rpm correlated directly 
to pellet number and density but inversely to pellet size 
and surface roughness. The influence of increased agita-
tion on pellet morphology resulting in smaller pellets has 
been well documented (Veiter et al. 2018; Luo et al. 2019; 
Zhao et al. 2019). Agitation also affects pellet morphology. 
For instance, Luo et al. (2019) found that at 100 rpm loose, 
rough, mid-sized pellets were formed while an increase 
of rpm to 150 caused high energy dissipation resulting 
in a larger number of small, dense, smooth pellets. Cui 
et al. (1997) suggested that increased shear forces chip off 
hyphae from the outer pellet limiting pellet size and that 
the hyphal fragments reseed new pellets increasing pellet 
number. Volume was negatively correlated to pellet num-
ber but positively correlated to pellet size. This is probably 
due to the decrease in turbulence which was observed in 
our study when culture volume was increased. As turbu-
lence increases so too does energy dissipation (Zhou 1997), 
increasing shear forces on the filaments (Cui et al. 1997). 
Conversely, a decrease in turbulence will result in less shear 
force allowing pellets to grow larger. It stands to reason that 
an increase in volume coupled with a decrease in rotational 
speed would both reduce turbulence and shear forces until 
at some point energy dissipation would be insufficient for 
agitation of the biomass. This could explain why no pellets 
were formed when pelletization trials were conducted in a 
total volume of 100 mL at < 90 rpm.

The pH of the pelletization tests remained generally the 
same throughout the pelletization tests, except for G. can-
didum (pH increased) and P. restrictum (pH decreased). 
The pH of the fungal culture is an important factor in pel-
let formation as pH drives the electrostatic and hydropho-
bic interactions involved in pellet formation (Veiter et al. 
2018). Acidic pH generally favors pellet formation due to 
changes in the functional groups on the surface of hyphae 
making them more hydrophobic (Veiter et al. 2018; Chu 
et al. 2021a). Changes in pH can change the surface prop-
erties of fungi which then influences pellet formation and 
morphology. Moreover, species are affected differently by 
pH (Metz and Kossen 1977), with pellet formation occurring 
at different pH (Liu et al. 2007; Prajapati et al. 2014). For the 
non-pelletizing species, pH possibly played a role in the case 
of G. candidum but not L. tigrinus, which did not form pel-
lets even though pH remained acidic. G. candidum is a yeast 
which has retained many filamentous fungal genes and their 
resulting features after the evolutionary filamentous fungi-
yeast split (Morel et al. 2015). Despite this retention of some 
filamentous fungal genes and their filamentous appearance 

Table 4  pH measurements of all E. gracilis harvesting experiments 
(phases 1–3) immediately upon addition of fungi to algae

Experiment Ratio
(fungi:algae)

pH

P. ostreatus/E. gracilis 1:0.5 3.5
1:1 3.5
1:2 4
1:3 4

P. ostreatus/E. gracilis 1:1 3.5
1:2 3.5

G. lucidum/E. gracilis 1:2 6.5
P. restrictum/E. gracilis 1:2 7.5
P. variotii/E. gracilis 1:2 6.5
T. versicolor/E. gracilis 1:2 6.5
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to the naked eye, it may be that unlike true filamentous fungi 
they are unable to form pellets. This, rather than any other 
factor, is probably the main reason for the lack of pellet for-
mation in this species. Inoculum concentration, temperature, 
and media composition have also been found to affect pel-
let formation and morphology (Prajapati et al. 2014; Veiter 
et al. 2018) but were not investigated in this study.

Flocculation

Self-pelletization is a pre-requisite for harvesting, but not 
all self-pelletizing species were able to form flocs with the 
algae. Out of the six self-pelletizing fungi, four were able 
to flocculate, but only three did so reliably (G. lucidum, P. 
restrictum, and P. ostreatus), removing 62–75% E. gracilis 
cells in a 1:2 (fungi:algae) suspension. In addition, the floc-
culation rate also exhibited species dependence with each 
species beginning to flocculate and arriving at Tmax at sepa-
rate times. Flocculation is thought to be governed by the 
interactions of surface polysaccharides which are positively 
charged enabling static attraction to the negatively charged 
microalgae, and as the cell surface composition differs by 
species (Feofilova 2010), flocculation ability also differs 
(Ummalyma et al. 2017; Liber et al. 2020).

The differences in flocculation rates and times of arrival 
at Tmax could have been related to pH as it is known that 
pH affects flocculation via its effect on the Zeta potentials 
and hydrophobicity of both fungal and algal cells (Chu et al 
2021a). Under acidic conditions, the surface charge of algal 
cells becomes less negative, increasing destabilization of 
the cells in suspension (Bhattacharya et al. 2017; Wu et al. 
2020). Fungi excrete organic acids which can help lower the 
pH, destabilizing the algae, and increasing the likelihood 
that the different cell types will be attracted to each other 
and flocculate (Chu et al. 2021a). Decreasing pH has also 
been found to affect hydrophobicity which in turn affects cell 
adhesion of fungal spores. Zhang and Zhang (2016) dem-
onstrated that an increase in pH from 2.5 to 5.0 decreased 
the hydrophobicity of Aspergillus niger spores by 36%. It 
is probable that pH also has a similar effect on the hydro-
phobicity and adhesion properties of hyphae. Since hydro-
phobicity influences fungi-algae hydrophobic interactions 
(Chu et al. 2021a), lowering pH should increase hydrophobic 
interactions supporting the idea that lower pH favors floc-
culation and harvesting. Therefore, the ability of P. ostreatus 
to lower the pH of the combined fungi-algae culture should 
improve flocculation conditions resulting in faster and better 
flocculation. Based on the measured pH values, flocculation 
rates and arrival at Tmax should have had the following order: 
1st P. ostreatus, 2nd G. lucidum, 3rd P. restrictum. How-
ever, though P. restrictum/E. gracilis flocs began to form 
last, its flocculation of the algae (as expressed by harvesting 
efficiency) was the highest. Meanwhile P. ostreatus was the 

second to begin forming flocs with E. gracilis and had a 
lower harvesting efficiency. This conflict between observed 
and predicted results suggests that other factors are at play.

There was an inverse relationship between fungal dose 
and flocculation. At the highest concentration of fungi 
(1:0.5), there was no floc formation. Although the increased 
dose of fungi provided a larger surface area for algal attach-
ment to hyphal surfaces, the large numbers of algal cells 
attached to and covering the surface of the filaments may 
have had a shielding effect. This could interfere with fungi-
to-fungi self-adhesion and pelletization mechanisms, result-
ing in the loose floc formation observed. In general, the 
fungi-algae flocs formed by all three fungal species were 
loose and undefined forming aggregates rather than dis-
tinct pellets. Submerged mycelia do not have hydrophobins 
(Zhang and Zhang 2016), which may have led to reduced 
floc formation in our samples. Floc formation is a compli-
cated process affected by many variables other than pH and 
species specificity, such as agitation, aeration, shear rate, 
media constituents, and ionic strength (Krull et al. 2013; 
Chu et al. 2021a). Therefore, it is difficult to pinpoint the 
exact reason for the observed loose floc morphology.

Harvesting efficiency

The harvesting efficiencies in this study were below the 
maximum (≥ 90%) reported in the studies of Zhou et al. 
(2012); Wrede et al. (2014) and Chen et al. (2018), which 
employed the most widely studied methods of pellet- and 
spore-assisted microalgal harvesting. Those studies showed 
that harvesting efficiency depends not only on the fungal 
species but also on the size of the microalgae harvested. 
Wrede et al. (2014) compared the flocculation of eleven 
microalgal species of assorted sizes, motile and non-motile, 
by Aspergillus fumigatus pellets. The smallest (8–25 µm), 
non-motile, microalgae (Chlorella vulgaris, Pseudokirch-
neriella subcapitata and Scenedesmus quadricauda) had the 
highest flocculation rates (up to ~ 90% in 24 h) while the 
largest (150–300 µm), non-motile, microalgae (Pyrocystis 
lunula) had the lowest flocculation rate (up to ~ 40% in 24 h). 
The results from our study suggest that large motile microal-
gae may not be harvested by fungal bioflocculation, either as 
filaments or pellets, as efficiently as smaller non-motile spe-
cies (Ummalyma et al. 2017; Nazari et al. 2020). In a method 
similar to ours, Talukder et al. (2014) applied exogenous 
fungal filaments to immobilize C. vulgaris and Nannochlo-
ropsis spp., which are small (≤ 10 µm) non-motile algae. 
Their harvesting efficiencies (94–97%) for both algal species 
were notably higher than ours, further underscoring the dif-
ficulty of harvesting large motile species such as E. gracilis. 
However, Wrede et al. (2014) found that small (10–20 µm), 
but motile microalgae (Tetraselmis chuii, Chlamydomonas 
reinhardtii, and Dunaliella salina) flocculated at a lower rate 
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(~ 65–70% in 24 h) than similarly small non-motile species. 
In a study by Luo et al. (2019) using P. ostreatus pellets to 
rapidly (2.5 h) harvest Chlorella spp., the harvesting effi-
ciency (64.9%) was similar to ours. Thus, it seems that in 
some cases motility and fungal species might be a greater 
determining factor than the size of the microalgae.

The differences in harvesting efficiencies between spe-
cies and between different fungi to algae ratios of the same 
species show that harvesting efficiency is dependent on both 
species and fungi to algae ratio. The different harvesting effi-
ciencies between the three species suggest species-specific 
attraction to E. gracilis. It is known that the species of the 
fungi and algae used affect harvesting due to species-specific 
cell wall properties in both organisms (Egede et al. 2016; 
Chu et al. 2021a). The fact that flocculation began at differ-
ent times for each fungal species at the same ratio, but floc-
culation of the same species (P. ostreatus) at two different 
ratios occurred at the same time, points to species-specific 
differences in the strength and number of bonds formed. 
Li et al. (2006) found that the strength hierarchy of differ-
ent flocculation bonds was bridging > charge neutraliza-
tion > sweep. The strength of flocs formed and, therefore, 
harvesting efficiency will depend on which of the three 
mechanisms takes place. If the bioflocculation mechanisms 
between G. lucidum and E. gracilis formed weaker or fewer 
bonds than those of the other fungal species, then its ability 
to bind with and harvest the algae will be lower explaining 
the loose flocs and lower harvesting efficiency. Addition-
ally, the static interactions between the differently charged 
surfaces of fungi and microalgae and active sites of poly-
saccharides on the filament surface allowing for bioadsorp-
tion affect the strength of the attachment of microalga to the 
fungal filaments (Zhang and Hu 2012; Wrede et al. 2014).

When P. ostreatus was added to E. gracilis at four dif-
ferent ratios, fungal dose and harvesting efficiency were 
positively correlated aligning with earlier findings (Li et al. 
2020; Nazari et al. 2020). Harvesting efficiency at the low-
est fungal ratio was 10–13% lower than for the other ratios 
which had similar removal rates, suggesting a minimum fun-
gal inoculum concentration threshold for optimal microal-
gal harvesting. The inoculum spore concentration in spore-
assisted and pellet-assisted microalgal harvesting affects floc 
formation and therefore harvesting efficiency, with lower 
spore concentrations inducing flocculation and harvesting in 
both harvesting types (Krull et al. 2013; Gultom et al. 2014; 
Zhao et al. 2019). However, in our case where hyphae were 
used, increased concentration led to suppressed floc forma-
tion but better harvesting efficiency. Talukder et al. (2014) 
obtained similar results in harvesting efficiency when fungal 
hyphae of Aspergillus nominus was used to harvest Nanno-
chloropsis sp. In their study of the four ratios used, (4:1, 2:1, 
1:1, and 1:2), the harvesting efficiency was above 80% for 
the highest three concentrations and noticeably lower at the 

lowest fungal concentration (approx. 60%). Also harvesting 
time was longer at the lower mycelium concentrations (≥ 6 h 
vs. 3 h at 4:1 ratio).

Many other factors—agitation, pH, temperature, ionic 
strength, and constituents of the media—also affect harvest-
ing efficiency (Krull et al. 2013; Chu et al. 2021a). Agita-
tion speed is known to affect pellet formation and morphol-
ogy which in turn affects microalgal harvesting efficiency. 
In a study by Luo et al. (2019), small, dense, smooth fun-
gal pellets (formed at 150 rpm) were only able to capture 
microalgae via surface adsorption leading to poor harvest-
ing efficiency. Meanwhile, mid-sized, loose, rough pellets 
(formed at 100 rpm) resulted in both internal and surface 
adsorption and therefore better harvesting. Similar effects of 
agitation on pellet morphology and its consequent harvesting 
efficiency have been well documented in other harvesting 
studies employing both pellet-assisted and spore-assisted 
methods (Bhattacharya et al. 2017; Zhao et al. 2019; Pei 
et al. 2021). It is possible that agitation may affect pellet 
morphology and microalgal flocculation and harvesting 
similarly when filaments in suspension are used. However, a 
more detailed study on the effects of various agitation speeds 
on the harvesting of E. gracilis using fungal filaments would 
need to be done.

As with pellet formation and flocculation (see discussion 
above), pH also impacts harvesting and lower pH tends to 
favor flocculation and harvesting (Zhou et al. 2012; Chu 
et al. 2021a). The starting pH of our harvesting experiments 
was neutral except for the combination of E. gracilis with P. 
ostreatus which was acidic. However, it was the combina-
tion of P. restrictum with E. gracilis which had the high-
est harvesting efficiency though it had the highest pH. This 
proves that microalgal harvesting is not always correlated 
with pH and that lowering pH does not necessarily result 
in improved harvesting. Similar results have been observed 
by Chu et al. (2021b). Flocculation and harvesting mecha-
nisms are complex and varied and depend very much on the 
species (Egede et al. 2016; Chu et al. 2021a). In this case, 
species type likely exerted greater influence on harvesting 
than pH possibly due to the type of harvesting mechanisms 
at play. Another possible reason for this anomaly may be 
that although low pH encourages charge neutralization thus 
enhancing adhesion between fungal and algal cells, it may 
have a negative effect on other harvesting mechanisms low-
ering the overall harvesting efficiency (Chu et al. 2021b). 
E. gracilis is an acidophilic species suggesting that its zeta 
potential and resulting surface charge are likely still highly 
negative at low pH. This may explain the negligible effect of 
low pH on the harvesting efficiency of the microalgae in this 
study. Though pH is an important parameter of microalgal 
harvesting efficiency, we deliberately chose not to control 
or optimize pH as we wanted to produce a simple method 
which did not require parameter controls. It is also important 
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to note that pH is influenced by the medium’s constituents. 
For instance, it has been found that increasing glucose con-
centration can lower pH (Zhou et al. 2012; Gultom et al. 
2014). Therefore, if our microalgal harvesting method were 
to be employed using other media, the flocculation and har-
vesting efficiencies might differ from this study.

It is worth mentioning that temperature has a marked 
effect on harvesting efficiency. In general, temperature is 
directly correlated to harvesting efficiency, but only up to a 
maximal temperature specific to the fungal strain in ques-
tion, after which it seems that heat stress damages the cells 
impeding harvesting (Bhattacharya et al. 2017; Khothari 
et al. 2017; Pei et al. 2021). Despite the possible harvesting 
efficiency gains of increasing temperature, this would neces-
sitate energy inputs resulting in increased operational costs.

Harvesting time

In our study, the harvesting times were markedly shorter 
than most of the earlier studies (e.g., (Zhou et al. 2012; Al-
Hothaly et al. 2015; Muradov et al. 2015), and Tmax was 
reached within 1–3 h for all three species (G. lucidum, P. 
restrictum, and P. ostreatus). Similarly, short harvesting 
times (2.5–3 h) have been reported for pre-pelleted fungi 
(Bhattacharya et al. 2017; Chen, et al. 2018; Luo et al. 2019) 
but only once for filaments (Talukder et al. 2014). In a study 
using fungal filaments to harvest and enhance oil production 
of Nannochloropsis oceanica, harvesting efficiencies were 
similar to ours (~ 60%) but at a much longer co-culture and 
harvesting time (6 days) (Du et al. 2018). In comparison 
to using pellet- and spore-assisted harvesting, this method 
of applying fungal filaments to microalgae in suspension is 
less laborious, bypassing many time-consuming preparation 
steps used in other methods like spore separation, count-
ing, and pre-pelletization of the fungi (Talukder et al. 2014; 
Mackay et al. 2015; Luo et al. 2019). For instance, in stud-
ies with comparable harvesting results such as Wrede et al. 
(2014) and Luo et al. (2019), the preparatory step of fungal 
self-pelletization took 2 and 5–7 days respectively. In addi-
tion, Wrede et al. (2014) co-cultured the fungal pellets with 
microalgae for up to 48 h to achieve maximal harvesting. 
Whereas our method is faster and consumes less energy.

The interaction between flocculation and harvesting

Faster flocculation did not correlate with harvesting effi-
ciency. For instance, although G. lucidum formed flocs and 
arrived at Tmax the fastest, it had the lowest harvesting effi-
ciency of the three species. Meanwhile, P. restrictum had the 
third fastest flocculation rate and second fastest Tmax but had 
the highest harvesting efficiency of the three species. As dis-
cussed above, the extent of particle binding is related to the 
type and number of flocculation mechanism involved which 

is species-dependent. If self-pelletization is caused by static 
attraction and/or hydrophobins (Linder 2009; Zhang and Hu 
2012) which are, different mechanisms from microalgal floc-
culation caused by charge neutralization, patching, bridging, 
and sweep (Alam et al. 2016), then it makes sense that floc-
culation and harvesting rates do not necessarily correlate.

The short life span of T. versicolor flocs indicates that T. 
versicolor may quickly destabilize and flocculate microal-
gae via weaker bonding types, such as charge differences 
and entrapment, but produce insufficient EPS which are 
fundamental to the formation and structural maintenance 
of flocs (Nazari et al. 2020). The slight decrease in harvest-
ing efficiency for all species after Tmax indicates that some 
E. gracilis cells “escaped” the fungi back into suspension, 
which could be due to charge difference, which is not enough 
alone to keep motile microalgae attached to fungal filaments 
as suggested by Egede et al. (2016). Other even stronger 
bonding types involving physical attachment of microalgae 
(Nannochloropsis oceanica) to fungal mycelia (Mortiere-
lla elongata) have been observed (Du et al. 2018). Such 
physical attachments would result in even stronger bonds 
and flocs than those caused by charge difference and EPS 
preventing escape of the microalgae.

Settling

Floc settling exhibited dosage dependency with floc settling 
improving with decreasing fungi to algae ratio. Although the 
highest ratio of P. ostreatus to E. gracilis (1:0.5) resulted in 
the highest harvesting percentage, the aggregates formed 
were loose, easily fell apart as separate filaments, and did not 
settle well or at all. The lowest dose of fungi (1:3) exhibited 
the lowest harvesting results but resulted in observably more 
dense aggregates which settled quickest and most compactly. 
This highlights the importance of considering settling abil-
ity when determining the optimal fungi to algae harvest-
ing ratio. When the experiment was repeated at only two 
ratios, 1:1 and 1:2, settling results showed an obvious dif-
ference in settling rate and compactness, especially at 5 min. 
Although the difference between these two ratios was less 
than in the earlier experiment at four ratios, the difference 
(0.58 cm  min−1) was larger than the difference between dif-
ferent species (0.24 cm  min−1) at the same ratio. This shows 
that the fungi to algae ratio have a bigger impact on the set-
tling rate than the species composition.

P. restrictum produced fungi-algae flocs which settled 
better than those produced by G. lucidum and P. ostreatus, 
indicating a species-specific effect on floc settling. Based 
on density observations, however, the densest, most discrete 
flocs (P. ostreatus/E. gracilis) would be expected to settle 
best, but it was the median dense flocs (P. restrictum/E. gra-
cilis) that had the fastest settling rate. Microbial aggregates 
are highly permeable and porous allowing liquid to flow 
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through the aggregates reducing drag (Li and Yuan 2002). 
It is possible that because P. restrictum/E. gracilis flocs were 
less densely packed, they were more porous and therefore 
experienced less drag, settling better. However, in addition 
to species, density and porosity, size and shape (not meas-
ured here) also affect the settling ability of flocs (Jonasz and 
Fournier 2007; Benjamin and Lawler 2013). Furthermore, 
settling velocities for natural aggregates are also affected by 
particle concentration, mode of formation, and shear forces 
present (Hawley 1982; Gladman et al. 2005). Shear forces 
have a particularly large effect on the settling ability of nat-
ural flocs and are vastly different between lab-scale batch 
settling reactors and full-scale reactors. The latter usually 
contains more shear forces leading to more hindered settling 
and break-up of flocs (Gladman et al. 2005; van Deventer 
et al. 2011). Therefore, minor differences in settling ability 
between the flocs formed may be even more significant in 
a full-scale reactor than would be expected based on the 
results from the batch settling tests.

Practical implications

The method of harvesting applied in this study, provided 
the optimal fungi to algae ratio is used, could reduce the 
cost of microalgal harvesting by easing and lowering the 
energy demand of downstream dewatering steps. This idea 
is supported by the study of Fasaei et al. (2018) which found 
that flocculation followed by a dewatering step consumed 
the least energy compared to other harvesting and dewa-
tering methods. Furthermore, the low capital investments 
associated with flocculation could be further reduced using 
fungal flocculants as they lend themselves to growth in 
waste streams and allow for the recycling of growth media 
(Mishra et al. 2004; Chen et al. 2018). Instead of becoming 
a contaminant and hinderance to downstream applications, 
fungal bioflocculants add to the biomass’ value by improv-
ing its total potential as a source of biofuels, biochemicals, 
and enzymes (Li et al. 2020; Chu et al. 2021a). Although a 
couple studies have applied fungal filaments similarly, they 
either have a lengthy harvesting time (Du et al. 2018) or 
are laborious and require specialized equipment (Talukder 
et al. 2014). Our method of direct application of fungal fila-
ments in suspension removes the preparation steps required 
by other harvesting methods which further reduce both costs 
and time expenditure.

All these possible cost reductions make this an espe-
cially promising harvesting method for low-value micro-
algal biomass applications such as nutrient removal 
and recycling, feedstock for biofuel, feed, or fertilizer. 
The fungal harvesting method applied in this study did 
not harm E. gracilis which suggests that this method is 
compatible with microalgal biomass applications where 

the health of the algae is important. In using previously 
untested combinations of fungal and algal species, this 
study adds to the current body of knowledge on fungal 
bioflocculation of microalgae. Further improvements in 
the harvesting efficiency of this method are possible but 
would need to be optimized as dictated by the specific 
system (type of growth media, reactor type, and local con-
ditions (temperature etc.)) employed. Since the species of 
fungi and algae used also impact flocculation efficiency 
(Li et al. 2020), this system could also be improved by 
using other microalgal species, especially smaller non-
motile species.

Conclusion

In this study, we demonstrated that harvesting of E. gra-
cilis using fungal filaments can be a rapid and sustainable 
method. The harvesting efficiency was dependent on both 
the species and fungi to algae ratio while floc settling was 
mostly dependent on the latter. Out of the eight fungal 
species, the filaments of G. lucidum, P. ostreatus, and P. 
restrictum reliably flocculated and harvested E. gracilis 
with optimal harvesting and settling occurring at a fungi 
to algae ratio of 1:2. Harvesting of large motile microalgal 
cells with fungal filaments is relatively efficient, is rapid, 
and produces readily settling flocs, which can ease harvest-
ing. In addition to rapid harvesting, it removes many of 
the laborious preparatory steps present in other methods. 
Altogether, these features can help to reduce harvesting 
costs while improving the total biomass’ value. This is 
an important step forward in the effort to remove the eco-
nomic and sustainability hurdles facing the commerciali-
zation of microalgal biomass for low-value applications.

Supplementary Information The online version contains supplemen-
tary material available at https:// doi. org/ 10. 1007/ s10811- 021- 02651-5.

Acknowledgements Special thanks to the US Agricultural Research 
Service for the provision of fungal strains. Thanks also to Dr Marilyn 
Wiebe (Technical Research Centre of Finland) for her expert advice 
on fungi and Johanna Oja for her technical help. This research was 
enabled by funding from The Land and Water Technology Founda-
tion, The Finnish Cultural Foundation, and The Finnish Foundation 
for Technology Promotion.

Author contribution DB, KS, AM, and JP all participated in experi-
mental design. DB organized and carried out the experiments and wrote 
the manuscript with input from all other authors.

Funding Open access funding provided by Finnish Environment Insti-
tute (SYKE). This project was supported with grants from the Land and 
Water Technology Foundation, the Finnish Cultural Foundation, and 
the Finnish Foundation for Technology Promotion.

331Journal of Applied Phycology (2022) 34:321–334

https://doi.org/10.1007/s10811-021-02651-5


1 3

Data availability Available upon request.

Declarations 

Conflict of interest The authors declare no competing interests.

Open Access This article is licensed under a Creative Commons Attri-
bution 4.0 International License, which permits use, sharing, adapta-
tion, distribution and reproduction in any medium or format, as long 
as you give appropriate credit to the original author(s) and the source, 
provide a link to the Creative Commons licence, and indicate if changes 
were made. The images or other third party material in this article are 
included in the article's Creative Commons licence, unless indicated 
otherwise in a credit line to the material. If material is not included in 
the article's Creative Commons licence and your intended use is not 
permitted by statutory regulation or exceeds the permitted use, you will 
need to obtain permission directly from the copyright holder. To view a 
copy of this licence, visit http:// creat iveco mmons. org/ licen ses/ by/4. 0/.

References

Adams S, Che D, Hailong J, Zhao B, Rui H, Danquah K, Qin G (2019) 
Effects of pulverized oyster mushroom (Pleurotus ostreatus) on 
diarrhea incidence, growth performance, immunity, and microbial 
composition in piglets. J Sci Food Agric 99:3616–3627

Alam A, Vandamme D, Chun W, Zhao X, Foubert I, Wang Z, Muylaert 
K, Yuan Z (2016) Bioflocculation as an innovative harvesting 
strategy for microalgae. Rev Environ Sci Biotechnol 15:573–583

Al-Hothaly KA, Adetutu EM, Taha M, Fabbri D, Lorenzetti C, Conti R, 
May BH, Shar SS, Bayoumi RA, Ball AS (2015) Bio-harvesting 
and pyrolysis of the microalgae Botryococcus braunii. Bioresour 
Technol 191:117–123

Barros AI, Gonçalves AL, Simões M, Pires JCM (2015) Harvesting 
techniques applied to microalgae: a review. Renew Sust Energ 
Rev 41:1489–1500

Bellettini MB, Fiorda FA, Maieves HA, Teixeira GL, Ávila S, Hornung 
PS, Júnior AM, Ribani RH (2019) Factors affecting mushroom 
Pleurotus spp. Saudi J Biol Sci 26:633–646

Benjamin MM, Lawler DF (2013) Water quality engineering: physical/
chemical treatment processes. Wiley, New Jersey

Besson A, Guiraud P (2013) High-pH-induced flocculation–flotation 
of the hypersaline microalga Dunaliella salina. Bioresour Technol 
147:464–470

Bhattacharya A, Mathur M, Kumar P, Prajapati SK, Malik A (2017) A 
rapid method for fungal assisted algal flocculation: critical param-
eters & mechanism insights. Algal Res 21:42–51

Biorizon Biotech (2018) Sustainable algae biorefinery for agriculture 
and aquaculture: cost and economic feasibility guide for large 
scale microalgal biorefineries. The Community Research and 
Development Information Service, European Commission, Lux-
embourg. Ref. Ares(2018)2756353 - 28/05/2018 pp 1–33

Bishop KS, Kao CHJ, Xu Y, Glucina MP, Paterson RRM, Ferguson LR 
(2015) From 2000 years of Ganoderma lucidum to recent develop-
ments in nutraceuticals. Phytochemistry 114:56–65

Chen CY, Yeh KL, Aisyah R, Lee DJ, Chang JS (2011) Cultivation, 
photobioreactor design and harvesting of microalgae for biodiesel 
production: a critical review. Bioresour Technol 102:71–81

Chen J, Leng L, Ye C, Lu Q, Addy M, Wang J, Liu J, Chen P, Ruan R, 
Zhou W (2018) A comparative study between fungal pellet- and 
spore-assisted microalgae harvesting methods for algae biofloc-
culation. Bioresour Technol 259:181–190

Chu R, Li S, Zhu L, Yin Z, Hu D, Liu C (2021a) A review on co-culti-
vation of microalgae with filamentous fungi: efficient harvesting, 
wastewater treatment and biofuel production. Renew Sust Energ 
Rev 139:110689

Chu R, Li S, Yin Z, Hu D, Zhang L, Xiang M, Zhu L (2021b) A fungal 
immobilization technique for efficient harvesting of oleaginous 
microalgae: key parameter optimization, mechanism exploration 
and spent medium recycling. Sci Total Environ 790:148174

COGEM (2021) Classification of organisms: pathogenicity classifica-
tion of fungi – advisory reports. The Netherlands Commission 
on Genetic Modification (COGEM), Bilthoven. CGM/211004–01

Cui YQ, van der Lans RGJM, Luyben KCAM (1997) Effect of agita-
tion intensities on fungal morphology of submerged fermenta-
tion. Biotechnol Bioeng 55:715–726

Du ZY, Alvaro J, Hyden B, Zienkiewicz K, Benning N, Zienkiewicz 
A, Bonito G, Benning C (2018) Enhancing oil production and 
harvest by combining the marine alga Nannochloropsis ocean-
ica and the oleaginous fungus Mortierella elongata. Biotechnol 
Biofuels 11:174

Egede EJ, Jones H, Cook B, Purchase D, Mouradov A (2016) Appli-
cation of microalgae and fungal-microalgal associations for 
wastewater treatment. In: Purchase D (ed) Fungal applications 
in sustainable environmental biotechnology. Springer, London, 
pp 143–181

Fasaei F, Bitter JH, Slegers PM, van Boxtel AJB (2018) Techno-
economic evaluation of microalgae harvesting and dewatering 
systems. Algal Res 31:347–362

Feofilova EP (2010) The fungal cell wall: modern concepts of 
its composition and biological function. Microbiology+ 
79:711–720

Gissibl A, Sun A, Care A, Nevalainen H, Sunna A (2019) Bioproducts 
from Euglena gracilis: synthesis and applications. Front Bioeng 
Biotechnol 7:108

Gladman B, de Kretser RG, Rudman M, Scales PJ (2005) Effect of 
shear on particulate suspension dewatering. Chem Eng Res Des 
83:933–936

Gultom SO, Zamalloa C, Hu B (2014) Microalgae harvest through fun-
gal pelletization—co-culture of Chlorella vulgaris and Aspergillus 
niger. Energies 7:4417–4429

Hawley N (1982) Settling velocity distribution of natural aggregates. 
J Geophys Res 87:9489–9498

Hindumathi A, Reddy BN (2011) Occurrence and distribution of arbus-
cular mycorrhizal fungi and microbial flora in the rhizosphere 
soils of mungbean [Vigna radiata (L.) Wilczek] and soybean [Gly-
cine max (L.) Merr.] from Adilabad, Nizamabad and Karimnagar 
districts of Andhra Pradesh state, India. Adv Biosci Biotechnol 
2:275–286

Jonasz M, Fournier GR (2007) Light scattering by particles in water: 
theoretical and experimental foundations. Academic Press, New 
York

Kim DH, Yun HS, Kim YS, Kim JG (2020) Effects of co-culture on 
improved productivity and bioresource for microalgal biomass 
using the floc-forming bacteria Melaminivora jejuensis. Front 
Bioeng Biotechnol 8:1466

Krull R, Wucherpfennig T, Esfandabadi ME, Walisko MG, Hempel 
DC, Kampen I, Kwade A, Wittmann C (2013) Characterization 
and control of fungal morphology for improved production per-
formance in biotechnology. J Biotechnol 163:112–123

Khothari R, Pandey A, Ahmad S, Kumar A, Pathak VV, Tyagi VV 
(2017) Microalgal cultivation for value-added products: a critical 
enviro-economical assessment. 3 Biotech 7:243

Lee AK, Lewis DM, Ashman PJ (2009) Microbial flocculation, a poten-
tially low-cost harvesting technique for marine microalgae for the 
production of biodiesel. J Appl Phycol 21:559–567

332 Journal of Applied Phycology (2022) 34:321–334

http://creativecommons.org/licenses/by/4.0/


1 3

Lee J, Cho DH, Ramanan R, Kim BH, Oh HM, Kim HS (2013) Micro-
algae-associated bacteria play a key role in the flocculation of 
Chlorella vulgaris. Bioresour Technol 131:195–201

Li S, Hu T, Xu Y, Wang J, Chu R, Yin Z, Mo F, Zhu L (2020) A 
review on flocculation as an efficient method to harvest energy 
microalgae: mechanisms, performances, influencing factors and 
perspectives. Renew Sust Energ Rev 131:110005

Li T, Zhu Z, Wang D, Yao C, Tang H (2006) Characterization of floc 
size, strength and structure under various coagulation mecha-
nisms. Powder Technol 168:104–110

Li XY, Yang SF (2007) Influence of loosely bound extracellular poly-
meric substances (EPS) on the flocculation, sedimentation and 
dewaterability of activated sludge. Water Res 41:1022–1030

Li XY, Yuan Y (2002) Settling velocities and permeabilities of 
microbial aggregates. Water Res 36:3110–3120

Liber JA, Bryson AE, Bonito G, Du ZY (2020) Harvesting micro-
algae for food and energy products. Small Methods 4:2000349

Linder MB (2009) Hydrophobins: proteins that self assemble at 
interfaces. Curr Opin Colloid  Interf Sci 14:356–363

Liu Y, Liao W, Chen S (2007) Study of pellet formation of filamen-
tous fungi Rhizopus oryzae using a multiple logistic regression 
model. Biotechnol Bioeng 99:117–128

Luo S, Wu X, Jiang H, Yu M, Liu Y, Min A, Li W, Ruan R (2019) 
Edible fungi-assisted harvesting system for efficient microalgae 
bio-flocculation. Bioresour Technol 282:325–330

Mackay S, Gomes E, Holliger C, Bauer R, Schwitzguébel JP (2015) 
Harvesting of Chlorella sorokiniana by co-culture with the 
filamentous fungus Isaria fumosorosea: a potential sustainable 
feedstock for hydrothermal gasification. Bioresour Technol 
185:353–361

Magdouli S, Brar SK, Blais JF (2016) Co-culture for lipid produc-
tion: advances and challenges. Biomass Bioenerg 92:20–30

Mata TM, Martins AA, Caetano NS (2010) Microalgae for biodiesel 
production and other applications: a review. Renew Sust Energ 
Rev 14:217–232

Mathimani T, Mallick N (2018) A comprehensive review on har-
vesting of microalgae for biodiesel – key challenges and future 
directions. Renew Sust Energ Rev 91:1103–1120

Metz B, Kossen NWF (1977) The growth of molds in the form of 
pellets-a literature review. Biotechnol Bioeng 19:781–799

Mishra A, Jha B (2009) Isolation and characterization of extracel-
lular polymeric substances from micro-algae Dunaliella salina 
under salt stress. Bioresour Technol 100:3382–3386

Mishra BK, Arora A, Lata, (2004) Optimization of a biological pro-
cess for treating potato chips industry wastewater using a mixed 
culture of Aspergillus foetidus and Aspergillus niger. Bioresour 
Technol 94:9–12

Morel G, Sterck L, Swennen D, Marcet-Houben M, Onesime D, Lev-
asseur A, Jacques N, Mallet S, Couloux A, Labadie K, Amse-
lem J, Beckerich JM, Henrissat B, Van de Peer Y, Wincker P, 
Souciet JL, Gabaldón T, Tinsley CR, Casaregola S (2015) Dif-
ferential gene retention as an evolutionary mechanism to gener-
ate biodiversity and adaptation in yeasts. Sci Rep-UK 5:11571

Muhammad G, Alam A, Mofijur M, Jahirul MI, Lv Y, Xiong W, Ong 
HC, Xu J (2021) Modern developmental aspects in the field of 
economical harvesting and biodiesel production from microal-
gae biomass. Renew Sust Energ Rev 135:110209

Muradov N, Taha M, Miranda AF, Wrede D, Kadali K, Gujar A, 
Stevenson T, Ball AS, Mouradov A (2015) Fungal-assisted algal 
flocculation: application in wastewater treatment and biofuel 
production. Biotechnol Biofuels 8:24

Najjar YSH, Abu-Shamleh A (2020) Harvesting of microalgae by 
centrifugation for biodiesel production: a review. Algal Res 
51:102046

Nazari MT, Freitag JF, Cavanhi VAF, Colla LM (2020) Microalgae 
harvesting by fungal-assisted bioflocculation. Rev Environ Sci 
Bio 19:369–388

Nguyen TDP, Le TVS, Show PL, Nguyen TT, Tran MH, Tran TNT, 
Lee SY (2019) Bioflocculation formation of microalgae-bacteria 
in enhancing microalgae harvesting and nutrient removal from 
wastewater effluent. Bioresour Technol 272:34–39

Olaueson MM, Stokes PM (1989) Responses of the acidophilic alga 
Euglena mutabilis (Euglenophyceae) to carbon enrichment at pH 
3. J Phycol 25:529–539

Pahl SL, Lee AK, Kalaitzidis T, Ashman PJ, Sathe S, Lewis DM (2013) 
Harvesting, thickening and dewatering microalgae biomass. In: 
Borowitzka MA, Moheimani NR (eds) Algae for Biofuels and 
Energy. Springer, Dordrecht, pp 165–185

Pei XY, Ren HY, Liu BF (2021) Flocculation performance and mecha-
nism of fungal pellets on harvesting of microalgal biomass. Biore-
sour Technol 321:124463

Prajapati SK, Kumar P, Malik A, Choudhary P (2014) Exploring pellet 
forming filamentous fungi as tool for harvesting non-flocculating 
unicellular microalgae. Bioenerg Res 7:1430–1440

Purchase D (ed) (2016) Fungal applications in sustainable environmen-
tal biotechnology. Springer, London, pp 65–66

Salim S, Bosma R, Vermuë MH, Wijffels RH (2011) Harvesting of 
microalgae by bio-flocculation. J Appl Phycol 23:849–855

Singh G, Patidar SK (2018) Microalgae harvesting techniques: a 
review. J Environ Manag 217:499–508

Spilling K, Seppälä J, Tamminen T (2011) Inducing autoflocculation in 
the diatom Phaeodactylum tricornutum through  CO2 regulation. 
J Appl Phycol 23:959–966

Talukder MR, Das P, Wu JC (2014) Immobilization of microalgae on 
exogenous fungal mycelium: a promising separation method to 
harvest both marine and freshwater microalgae. Biochem Eng J 
91:53–57

Transparency Market Research (2021) Microalgae-based product mar-
ket to exceed valuation of US$ 4.2 B by 2031. World-wide elec-
tronic publication, Transparency Market Research, Albany, NY. 
https:// www. trans paren cymar ketre search. com/ press relea se/ micro 
algae- based- produ cts- market. htm; searched on 24 April 2021

Uduman N, Qi Y, Danquah MK, Forde GM, Hoadley A (2010) Dewa-
tering of microalgal cultures: a major bottleneck to algae-based 
fuels. J Renew Sustain Ener 2:012701

Ummalyma SB, Gnansounou E, Sukumaran RK, Sindhu R, Pandey 
A, Sahoo D (2017) Bioflocculation: an alternative strategy for 
harvesting of microalgae – an overview. Bioresour Technol 
242:227–235

van Deventer BBG, Usher SP, Kumar A, Rudman M, Scales PJ 
(2011) Aggregate densification and batch settling. Chem Eng J 
171:141–151

Vasistha S, Khanra A, Clifford M, Rai MP (2021) Current advances in 
microalgae harvesting and lipid extraction processes for improved 
biodiesel production: a review. Renew Sust Energ Rev 137:110498

Veiter L, Rajamanickam V, Herwig C (2018) The filamentous fungal 
pellet—relationship between morphology and productivity. Appl 
Microbiol Biotech 102:2997–3006

Wrede D, Taha M, Miranda AF, Kadali K, Stevenson T, Ball AS, 
Mouradov A (2014) Co-cultivation of fungal and microalgal cells 
as an efficient system for harvesting microalgal cells, lipid produc-
tion and wastewater treatment. PLoS ONE 9:e113497

Wu M, Li J, Qin H, Lei A, Zhu H, Hu Z, Wang J (2020) Pre-concen-
tration of microalga Euglena gracilis by alkalescent pH treatment 
and flocculation mechanism of  Ca3(PO4)2,  Mg3(PO4)2, and deriva-
tives. Biotechnol Biofuels 13:98

Yadav AN, Mishra S, Singh S, Gupta A (2019) Recent advancement in 
white biotechnology through fungi. Springer, Cham, p 554

Yin Z, Zhu L, Li S, Hu T, Chu R, Mo F, Hu D, Liu C, Li B (2020) A 
comprehensive review on cultivation and harvesting of microalgae 

333Journal of Applied Phycology (2022) 34:321–334

https://www.transparencymarketresearch.com/pressrelease/microalgae-based-products-market.htm
https://www.transparencymarketresearch.com/pressrelease/microalgae-based-products-market.htm


1 3

for biodiesel production: environmental pollution control and 
future directions. Bioresour Technol 301:122804

Zhang J, Hu B (2012) A novel method to harvest microalgae via co-
culture of filamentous fungi to form cell pellets. Bioresource 
Technol 114:529–535

Zhang J, Zhang J (2016) The filamentous fungal pellet and forces driv-
ing its formation. Crit Rev Biotechnol 36:1066–1077

Zhao Y, Guo G, Sun S, Hu C, Liu J (2019) Co-pelletization of microal-
gae and fungi for efficient nutrient purification and biogas upgrad-
ing. Bioresour Technol 289:121656

Zhou G (1997) Characteristics of turbulence energy dissipation and 
liquid-liquid dispersions in an agitated tank. PhD Dissertation, 
University of Alberta, Canada 315 pp

Zhou W, Cheng Y, Li Y, Wan Y, Liu Y, Lin X, Ruan R (2012) Novel 
fungal pelletization-assisted technology for algae harvesting and 
wastewater treatment. Appl Biochem Biotechnol 167:214–228

Publisher's note Springer Nature remains neutral with regard to 
jurisdictional claims in published maps and institutional affiliations.

334 Journal of Applied Phycology (2022) 34:321–334


	Bioflocculation of Euglena gracilis via direct application of fungal filaments: a rapid harvesting method
	Abstract
	Introduction
	Materials and methods
	Organisms and culture methods
	Fungal self-pelletization
	Sampling and measurement protocols of harvesting experiments
	Experimental phases
	Statistical analysis

	Results
	Self-pelletization and floc formation
	Phase 1. Harvesting of E. gracilis with P. ostreatus at four ratios
	Phase 2. Harvesting of E. gracilis with P. ostreatus at two ratios
	Phase 3. Harvesting of E. gracilis with other filamentous fungal species
	The pH and photochemical efficiency of the cultures

	Discussion
	Pelletization
	Flocculation
	Harvesting efficiency
	Harvesting time
	The interaction between flocculation and harvesting
	Settling
	Practical implications

	Conclusion
	Acknowledgements 
	References


